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Polydimethylsiloxane (PDMS) chips have proven to be suitable environments for the
growth of several filamentous organisms. However, depending on the specimen, the
number of investigations concerning their growth and cell differentiation is limited. In
this work, we monitored the developmental pattern of the brown alga Ectocarpus inside
PDMS lab-on-chips. Two main methods of inoculation of the lab-on-chip were tested,
i.e., via the direct injection of spores into the chamber as well as through the insertion of
sporophyte filaments. The resulting growth rate, growth trajectory, cell differentiation,
and cell branching were monitored and quantified for 20 days inside 25 or 40 µm
parallel channels under standard light and temperature conditions. With growth rates
of 2.8 µm·h−1 , normal growth trajectories and cell differentiation, as well as branching
occurring inside the microfluidic environment, the main development steps were shown
to be similar to those observed in non-constrained in vitro conditions. Additionally,
the labelling of Ectocarpus cell wall polysaccharides using calcofluor for cellulose
detection and immunolocalisation with monoclonal antibodies for alginates showed
the expected patterns when compared to open space growth evaluated with either
epifluorescence or confocal microscopy. Overall, this article describes the experimental
conditions for observing and studying the basic unaltered processes of brown algal
growth using microfluidic technology which provides the basis for future biochemical
and biological researches.
Keywords: microfluidics, brown alga, tip growth, on-chip immunolocalisation, Ectocarpus, filaments, lab-onchips

INTRODUCTION
Because of their highly polarised shape, filamentous organisms tend to raise many questions
concerning their growth and differentiation, such as if their growth is restricted to the apical cell,
which corresponds to a case of localised growth, or if it is shared by all the cells composing the
filament as seen with diffuse growth patterns. Additionally, it is yet to be discovered how the
complex intercellular transport of material and the correspondingly required communication in
such polarised and uniaxial living structures occur. Furthermore, it is unclear what cues lead to
the distribution of cell differentiations along such a linear tissue and how the repetition of all these
functions is controlled when architectural complexity is increased through branching.
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to significantly impair both the growth rate and the branching
pattern of the fungus Neurospora crassa (Held et al., 2011),
although this effect was attributed to the design of the chip
pathways rather than to the PDMS polymer which is generally
known to be chemically compatible and non-toxic.
Here, we evaluated the ability of Ectocarpus sp. to grow within
PDMS-based microfluidic devices and assessed the suitability
of our approach for immunocytochemistry in the filamentous
brown alga Ectocarpus sp. Brown algae (Phaeophyceae) are a class
of photo-autotrophic organisms that evolved independently of
animals and plants. The ancestor of this kingdom, Stramenopiles,
diverged 1.6 billion years ago from the eukaryotic ancestor
shared by the animal and plant lineages, i.e., the Opisthokonta
and the Archaeplastida, respectively (Baldauf, 2003). Since the
knowledge of the first genomic sequence of brown algae (Cock
et al., 2010), metabolic, cellular, and developmental studies
have confirmed their peculiar phylogenetic position, as they
combine animal and plants characteristics (Bothwell et al., 2008;
Cock et al., 2010; Michel et al., 2010; Popper et al., 2011;
Bogaert et al., 2019; Rabillé et al., 2019a). While Ectocarpus
was shown to grow on PDMS surfaces immersed in seawater
(Evariste et al., 2012), we studied how its filaments cope with
the restricted and constrained spatial environment provided by
a microfluidic chip. We focused on the prostrate filament of
the sporophyte because it grows immediately after mitospore
or zygote germination. More importantly, this filament grows
by tip growth, a mechanism that is shared by many organisms
belonging to other phyla of the eukaryotic evolution tree,
thereby, allowing macroevolutive scale comparisons. In addition
to the oomycetes belonging to the Stramenopiles like brown
algae, tip growing cells include plant pollen tubes and plant
root hairs, moss filaments (protonemata) and algal rhizoids of
the Archaeplastida phylum, and fungal hyphae and neurons
in the Opisthokonta phylum (Figure 1). Besides its different
evolutionary history, Ectocarpus differs from other tip-growing
organisms in many ways. Its sporophyte filaments are the slowest
tip-growing organisms reported to date with a growth speed of
2.5 µm·h−1 (Figure 1), i.e., 700 times slower than the pollen
tube (Rabillé et al., 2019a), which highlights the necessity of
evaluating lab-on-chip technology to simplify their long-term
investigation in controlled environments. In addition, we showed
that the mechanisms of tip growth selected by this alga relies
on an adjustment of its cell wall thickness at the very tip of the
apical cell, while most of the other tip growing cells, including
the pollen tube, control their growth by varying the cell wall
stiffness at this position (Rabillé et al., 2019a). Hence, further
studies of tip growth mechanisms in Ectocarpus, namely those
controlling the cell wall thickness during apical growth, require
the development of technologies allowing to simultaneously
monitor several filaments growing in similar conditions over a
long period of time.
In this technical paper, we designed two PDMS-based lab-onchips consisting of straight parallel channels to constrain filament
growth and to guide them in a single, horizontal direction in
contrast to their growth in all directions as observed in open
space environments. The healthiness and growth performance
of Ectocarpus filaments inside these microfluidic environments

With advances in microtechnology driving the development
of novel microelectromechanical systems (MEMS) and,
consequently, the broader availability of corresponding
fabrication facilities, the use of lab-on-chip devices has gained
increasing interest in many research fields ranging from
chemistry and biomedical engineering to biology (Azizipour
et al., 2020; Bayareh et al., 2020; Pei et al., 2020; Zhu et al., 2020;
Berlanda et al., 2021; Läubli et al., 2021a). As a subset of these
technologies, microfluidic devices, i.e., structures containing
fluid filled channels with dimensions in the µm to mm range,
have been successfully established as a versatile tool that enables
new avenues of research through the manipulation and handling
of small organisms (Läubli et al., 2021b). In recent years, several
pieces of work have relied on microfluidic technologies to
study a wide range of organisms through the evolutionary tree
including mammalians and plants (Peyrin et al., 2011; Siddique
and Thakor, 2013; Tong et al., 2015; Shamsudhin et al., 2016;
Burri et al., 2018). The reasons for using microfluidic devices
to study small specimens are numerous and reflect the need of
investigations to spatially constrain these cultured materials,
for example by limiting the height and width of the available
environment in the chip path in order to simplify long-term
monitoring and improve the resolution of microscopy-based
observations (Shamsudhin et al., 2016; Kozgunova and Goshima,
2019; Zhou et al., 2021). It can also allow the separation of
filaments which would otherwise grow too densely (Bascom
et al., 2016) or guide them to grow perpendicular to a measuring
device, such as a force sensor, positioned at the exit of the
chip (Burri et al., 2018). Furthermore, depending on their
design, constrained paths can also be utilised to evaluate the
existence of directional memory of growing filaments (Held
et al., 2011). Finally, in addition to the guidance of small
organisms, microfluidic chips can be used for automated flows
of controlled chemical compounds (Agudelo et al., 2013) as well
as combined with microelectrodes to enable the generation of
applied electrical pulses (Agudelo et al., 2016), both of which
can be perceived as cues for the activation or repression of
downstream signalling pathways in living specimens.
Nevertheless, the potential of microfluidic devices must first be
evaluated for each biological model to avoid misinterpretations
of subsequent results due to unidentified effects induced by
the constraining environment. In the protonemata of the moss
Physcomitrium patens, an initial study demonstrated that growth
rate, cell differentiation, protoplast regeneration, and responses
to drugs of specimens growing inside microchannels were all
comparable to observations from samples under standard growth
conditions (Bascom et al., 2016), thereby validating the use of
polydimethylsiloxane (PDMS) chips for their study. However, the
response to these conditions depends, to some extent, on the
geometric parameters of the chip. The available height between
the glass slide and the PDMS layer has been shown to impact
certain cellular biological processes. When moss protonemata
filaments with a diameter of 21 µm were constrained inside
channels with a height of 4.5 µm, their microtubule velocity
was reduced while the viability and growth of the filaments were
not impaired (Kozgunova and Goshima, 2019). On the other
hand, growth in maze and grid PDMS meshworks was shown
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FIGURE 1 | Diversity of tip growth in the eukaryotic tree. The phylogenetic position of eukaryotic taxa with tip-growing organisms. The cell shapes and typical growth
rates for each organism are shown. Scale bars (from left to right): Archaeplastida, 20, 5, 5, and 5 µm; Opisthokonta, 5 and 5 µm; and Stramenopiles, 5 and 5 µm.
Modified from Rabillé et al. (2019a).

PDMS device with a triangular chamber. At the entrance of
the channels, a small funnel guides filaments from the chamber
into the channel, thereby enhancing the percentage of filaments
growing into the channels. Once an entrance or channel is
filled, a constriction at the end of the funnel should prevent an
additional filament from entering the already occupied channel.
Additionally, the constriction reduces the risk of specimens
getting flushed through the channels during the initial filling of
devices with wider structures.
The width chosen for the channels was a compromise of
several criteria. On the one hand, narrower channels would
increase the spatial constraints for Ectocarpus, which, despite
being of broader interested concerning the resulting growth
cell response, is not the focus of this initial investigation on
the feasibility of lab-on-chip technology. Additionally, narrower
channels would require a higher loading pressure, which could
damage the samples or even separate the bond between the
PDMS structure and the glass substrate. On the other hand,
the use of wider channels bares the risk of samples passing
through the microchannels rather than being collected in the
chamber during loading. Overall, considering biological features
as well as manufacturing constraints and technical challenges, we
considered 25 µm to be a compromise that would allow the algae
to have sufficient nutrients while ensuring a mechanically robust
lab-on-chip device.
As to the chamber, its geometry was adjusted to allow a
sufficiently large number of connected channels for each design
while simultaneously limiting the volume available inside the
chamber. Thus, it optimises the chance of obtaining filaments
growing parallel to each other inside channels which is a
crucial factor for the efficient study of slow-growing organisms
like Ectocarpus. However, although no direct influence on the
specimen’s growth was observed in relation to changing the inlet
geometry, future studies could examine the impact of additional
design parameters, such as the height or diameter of the inlet, on
the specimen’s health and viability.

were monitored for up to 20 days and their growth rates were,
in addition to the qualitative evaluation of several development
steps, quantitatively compared to open space growth conditions.
Finally, the ability to label cytological markers, either by
immunochemistry or directly with vital dyes, was tested to
study the suitability of microfluidic environments for subsequent
investigations of the tip growth in the brown alga Ectocarpus.

MATERIALS AND METHODS
Chip Design
The transparent polymer PDMS, as often used for the fabrication
of microfluidic environments, was shown to be not toxic for
the brown algae Ectocarpus sp. (Evariste et al., 2012) as blended
filaments inoculated on surfaces of different PDMS compositions
grew as expected. Figure 2A shows a schematic of a PDMS
device in side view. The key elements of the structure consist
of the inlet, the main chamber, as well as the microchannels.
The inlet has a diameter of 1.2 mm and enables filling of
the chamber and loading of the samples. The height of the
chamber is 100 µm to ensure sufficient availability of nutrients.
Depending on the planned experiment, a design with a circular
(Figures 2B,C) or triangular chamber (Figures 2D,E) can be
chosen. The chamber is connected to numerous microchannels
with a height of 20 µm. The reduction in height from the chamber
to the channel constricts the specimen’s growth direction and,
by that, allows for long-term imaging within a stable focal plane.
While circular chambers connect to 44 channels with a width of
25 µm and allow for multiplex observations of the specimens,
triangular chambers connected to 14 channels with a width of
40 µm to enable the detailed investigation of specific growth
trajectory, e.g., filament undulations. The channels are separated
by PDMS walls with a width of 20 µm, which is necessary to
ensure proper sealing and adhesion between the PDMS device
and the glass substrate. Figure 2D shows a schematic of a
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was spin-coated on the wafers using a three-step process
with a maximum angular velocity of 4500 rpm to obtain a
uniform photoresist layer of 20 µm. The corresponding design
of the channel layer was transferred onto the photoresist
using a mask aligner (MA6/BA6, Süss MicroTec). Finally,
the wafers were developed (mr-Dev 600, Micro Resist
Technology GmbH) and hard baked at 150◦ C for 5 min to
improve the stability of the channels and their adhesion to
the silicon substrate. The second layer of the lab-on-chip,
i.e., the elevated section containing the inlets as well as
the main chamber, was fabricated through an additional
photolithography process using SU-8 100 (Kayaku Advanced
Materials) and a maximum angular velocity of 3000 rpm
to ensure a uniform 100 µm thick layer of photoresist.
Figure 2E shows an optical microscopy image of a fabricated
mould with a triangular chamber to be used for PDMS
replication. The observed variation in the focal plane is based
on the height difference between the channel layer and the
triangular chamber layer.
Prior to PDMS casting, the fabricated structures were
vapour coated with (tridecafluoro-1,1,2,2-tetrahydrooctyl)
trichlorosilane (CAS 78560-45-9, ABCR) and heated to 120◦ C
for 10 min to improve the reusability of the mould. PDMS
(Sylgard 184, Dow Corning) with a weight ratio of 1:10 (curing
agent to pre-polymer) was mixed sufficiently for 5 min, poured
over the SU-8 mould, and degassed for 30 min in a vacuum
chamber. To transfer the 3D pattern into the polymer, the
PDMS was cured for 1 h in an oven at 80◦ C. Finally, the
PDMS was cut and peeled off the mould and the inlets were
punched using a biopsy punch with a diameter of 1.5 mm
(BP15, Vetlab). To chemically bond the PDMS and the cover
glass with a thickness of 0.17 µm, both surfaces were exposed
to oxygen plasma (Femto Plasma Asher, Diener Electronics)
for 30 s before being brought in contact. Slight pressure
was manually applied to ensure proper contact between the
entirety of the lab-on-chip and the cover glass to prevent future
algal specimens from growing beyond the dimensions of the
corresponding microchannels.
For size comparisons, Figure 2F shows a ready-to-use lab-onchip with 25 µm wide channels next to a €2 coin.

FIGURE 2 | Design of the PDMS lab-on-chips. (A) A schematic showing the
main components of the lab-on-chip in side view including the inlet into which
the algal material was injected, the chamber into which it settles, and the
channels in which growth can be monitored. The height of each compartment
is indicated. The overall PDMS structure was sealed on a glass cover slip to
ease the observation of the specimen using an inverted microscope. (B,C) A
top view schematic and an optical microscopy image of a lab-on-chip with
25 µm wide channels. (D,E) A top view schematic and an optical microscopy
image of a lab-on-chip with triangular chamber and 40 µm wide channels.
(F) A photograph of a ready-to-use PDMS lab-on-chip placed next to a €2
coin. Scale bars: (C) 400 µm; (E) 200 µm.

Sterilisation of the Chips
The chips were sterilised by UV irradiation for 30 min in a sterile
laminar flow hood. Then, they were used either dry or pre-filled
with sterile seawater (see below).

Ectocarpus Cultivation
Ectocarpus strain CCAP 1310/4 (also named Ec32) from the
Culture Collection of Algae and Protozoa was grown in
natural seawater (approximately 550 mosmoles) supplemented
by vitamins and microelements as described by Le Bail and
Charrier (2013). Sporophyte filaments were produced from the
germination of swimming mitospores (Charrier et al., 2008).
Cultivation took place at 13◦ C under 12:12 light:dark conditions
(light intensity of approximately 29 µE m−2 s−1 ), usually on the
main types of plastic and glassware. Seawater was renewed every
2 weeks when algae were grown in open space environments.

Fabrication
The lab-on-chips were fabricated by double-layer
photolithography in clean room environments and by mould
replication techniques. Silicon wafers were cleaned with
acetone, isopropanol, and deionised water prior to mould
fabrication. For the layer containing the microchannels, the
photosensitive polymer SU-8 3025 (Kayaku Advanced Materials)
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were then made accessible to the germinating spores by flushing
the full structure.
In contrast, filling the chamber as well as the channels
with fertile sporophytes or spores in a single step did not
only lead to partially blocked channels due to broken or
small filament pieces (Supplementary Figure 2A) but further
allowed the still swimming spores to enter the channels. This
led to severely impaired filament growth behaviours with
delayed spore germinations and qualitatively less asymmetrical
cell divisions. Furthermore, some cases demonstrated growth
directions perpendicular to the channel axis (Supplementary
Figure 2B) as well as a general reduction in growth rate
with less pronounced cell growth of the apical cells and
shorter filaments (Supplementary Figure 2C). Finally, while
cell rounding was still observed for filaments with normal
apical growth (Supplementary Figure 2D), branching has
not been detected for any spores that initially germinated
inside the channels.
As a suitable alternative allowing many channels to be filled
with branches at a similar stage of development (Supplementary
Figure 2E), the loading of non-fertile sporophytes into fully
flushed structures can be proposed. As Ectocarpus development
is reiterative, subsequent branch growth followed the same
developmental process as for primary filaments while the spore
germination and initial asymmetrical divisions were skipped.

On-Chip Inoculation
Optimisation of the Loading Procedure
The 1.2 mm diameter inlet was filled with seawater by applying a
constant pressure via a pipette mounted with a cut pipette tip to
seal the 1.2 mm inlet.
As seawater is 1.3% more viscous and has a higher surface
tension than pure water, filling the channels can be more difficult.
Consequently, if the applied pressure is too low, the seawater
introduced into the inlet only fills the chamber but not the
channels (Supplementary Figures 1A,B). A solution of seawater
stained with bromophenol blue was used to optimise the channel
filling procedure with a micropipette. Once the protocol was
established, algal material was introduced into the chamber.

Channel Filling
The algal material was introduced into the chamber by applying
a steady pressure high enough to bring the algal material just
at the entrance of the channels, yet low enough to prevent the
algae from being flushed out of the chamber. After inoculation,
the material was left still for 2 h to allow the spores to attach
to the chamber surface and the glass substrate. If sporophytes
were used instead of spores, they were removed after 2 h. The
channels were then filled with seawater by applying a pipetting
pressure high enough to allow the liquid to move from the
chamber to the channels. Because we did not use a pump
with standardised equipment (e.g., pipe diameter), the numerical
value of the pressure is not known. However, pressure required
to fill the channel when pressing on a micropipette has been
experienced previously using blue seawater as a visible coloured
marker to monitor channel filling (Supplementary Figure 1C).
It is also worth noting that the required pressure varied slightly
between each structure, as, due to their manual preparation, the
final length of the microchannels showed minor variations. To
confirm complete filling of the channels with clear seawater, the
channels outlets were monitored under a microscope for the
release of air bubbles. Channels in which air remained trapped
after the first filling procedure (as shown in Supplementary
Figure 1D) were flushed several times.
Once inoculated, the lab-on-chip was transferred to a Petri
dish filled with seawater and kept fully submerged. It was
cultured under standard conditions as described above, thereby,
allowing for comparisons to open space cultivations. Seawater
was renewed every 2 days. No salt crystals were observed inside
the channels during at least 3 weeks.
This procedure was repeated on 7 independent experiments
summing 12 slides containing a total of 108 lab-on-chip devices.
Altogether, more than 500 filaments were observed.
It is important to highlight that the described on-chip
inoculation has been tested with regards to the loading
procedure and, consequently, to the optimum location for the
loaded material to ensure successful germination and improved
specimen health. The optimised method, as described above,
relies on a two-step filling process for the microfluidic device in
which loaded fertile sporophytes or released spores were initially
prevented from entering the channels by the liquid/air interface
formed between the chamber and the channel. The channels
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Image Acquisition
The Leica DMI-8 inverted microscope was used to observe
calcofluor (Ex/Em: 380/475 nm) and fluorescein isothiocyanate
(FITC; Ex/Em: 495/520 nm) labelling with the corresponding
filters. Confocal microscopy (TCS SP5 AOBS inverted confocal
microscope, Leica, objective Plan-Apochromat 63×/1.4 Oil) was
used to increase the z spatial resolution compared to image
acquisition by epifluorescence microscopy.

Labelling of Cellular Components
Cellulose was stained by incubating the lab-on-chip in 0.01%
calcofluor white solution (fluorescent brightener 28, F-3543,
Sigma-Aldrich) for 30 min at room temperature (RT) in the dark.
The solution was injected into the channels by high pressure
pipetting. Observation was performed under UV light using
epifluorescence microscopy after flushing the channels with fresh
seawater at least twice and after incubation for at least 15 min at
RT between each rinsing step.
Immunolocalisation of cell wall polysaccharides in the labon-chip was developed by adapting the protocol from Rabillé
et al. (2019b). The main modification consisted in fixing the
algal material in 4% paraformaldehyde prepared in H2 O instead
of seawater. All the solutions were rinsed by high pressure
pipetting into the inlet which occasionally resulted in the loss
of some filaments.

Statistical Evaluation
Statistical evaluations concerning the specimens’ growth rates
were performed as double-sided t-test with unequal variances
for n = 15 specimens present in the free environment and
n = 22 specimens in the microfluidic channels. The resulting
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p-values are reported in the corresponding paragraph. Statistical
significance was determined as p ≤ 0.05.

of the zygote or mitospores (Figure 3C), forming the first
apical cell that continues to grow indefinitely by tip growth
(Figure 3D). A few hours later, the initial cell germinates
again and gives rise to a second apical cell, which grows along
the same axis as the first one but in the opposite direction.
Over the span of several days, each first apical cell gradually
differentiates into spherical cells. Apical growth and cell rounding
generate a uniserial filament which is composed of two main
cell types, i.e., elongated cells with a width of approximately
7 µm located at both ends of the filaments and circular cells
with a diameter of approximately 15 µm situated at the centre
of the filaments (Figure 3E). After around 10 days, the sub-apical
cells branch (Figure 3F) and the resulting branches continue to
grow as the primary filaments do. This repeated developmental
programme results in the overall morphology as shown in
Figure 3B.

RESULTS
Viability and Developmental Steps of
Ectocarpus Filaments Within the
Lab-on-Chip
The early development of the Ectocarpus sporophyte has been
described in detail (Le Bail et al., 2008, 2010, 2011; Nehr et al.,
2011; Rabillé et al., 2019a) and is summarised in Figure 3.
When grown in open space environments, the Ectocarpus
sporophyte is composed of microscopic, branched uniseriate
filaments (Figure 3A) that form a visible tuft approximatively
4 weeks after the very initial stages (Figure 3B). Sporophytic
filaments growth is initiated by an asymmetrical cell division

FIGURE 3 | Morphology and development of Ectocarpus prostrate filaments.
The general morphology of early (A) and later (B) prostrate filaments. (C–F)
Schematic representations of the filament development and growth.
(C) Zygotes, mitospores, or parthenogenetic gametes (all brown disks)
germinate, divide asymmetrically (dashed line represents the germinating
tube), and produce the first, highly polarised, apical cell. (D) Growth occurs at
the tip of the apical cell and is indeterminate (arrow). It produces 7 µm wide
cells. (E) The elongated, up to 60 µm long cylindrical apical cells progressively
differentiate into rounder cells that are 15 µm wide. (F) In the meantime,
branching takes place on the shank of sub apical cells (arrow). The branch
re-iterates the same developmental pattern as the primary filament. Scale
bars: (A) 100 µm; (B) 1 mm.
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FIGURE 4 | Development of Ectocarpus filaments in PDMS lab-on-chips.
(A) Germination and first division of spores after inoculation inside the
lab-on-chip chamber. Spores divided mainly asymmetrically. (B) Apical cell
growth. (C) Cell rounding at the centre of the filament. (D) Branching of the
filaments. The lower image is taken from a device with 40 µm wide channels.
Scale bars: 25 µm. All images were taken from lab-on-chips with 25 µm wide
channels unless otherwise indicated.
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the growth rates of 22 filaments growing in 25 µm wide channels
for 1 week were compared to the growth behaviour of filaments
thriving in the open space environment of the same Petri dish
(Figures 6A,B). Figures 6C,D showed that the overall growth
dynamics were similar between the confined and free filaments,
with filaments that grew inside the channels having an average
growth rate of 2.8 µm·h−1 compared to 2.41 µm·h−1 for
filaments growing in the open space (Supplementary Table 1;
t-test p-value = 0.39). While the growth rates appeared to
decrease with time independently of the environment (e.g., from
3.13 to 2.60 µm·h−1 inside the microchannels), this reduction
in growth speed did not reach statistical significance (t-test
p-value = 0.15). For direct comparisons, Supplementary Figure 3
displays the average growth rate over time for both environments
in a single graph. Overall, the observed growth rates occur
with the same dynamic as previously reported, i.e., 2.5 µm·h−1
(Rabillé et al., 2019a).
The rounding of the cells is a function of their maturation
stage and their position along the filament. It is, therefore,
an excellent qualitative parameter reflecting the fitness of
Ectocarpus. Rounding of elongated sub-apical cells (Figure 3E)
was observed as expected, so that spherical cells were located
only in the most proximal parts of the filaments (Figure 4C).
Additionally, branching, which is an additional cellular event
reflecting the canonical developmental pattern as described in
Figure 3, also occurred in the filaments developed within the
channels (Figures 4C,D). Furthermore, we did not notice any

We investigated whether these developmental steps were
preserved in the constrained environment of the lab-on-chip
devices. Ectocarpus spores were introduced into the structures
as described in section “Materials and Methods.” We monitored
growth in the lab-on-chip with the goal of constraining the
spores to germinate in the chamber. The spores successfully
germinated inside the main chamber of the microfluidic device
5 days after inoculation (Figure 4A). The ratio of cell division
asymmetry, i.e., the ratio of cell divisions producing unequally
sized daughter cells as depicted in Figure 3C, was consistent
with what was reported in open space germination, where about
80% of spores divide asymmetrically and approximately 20%
symmetrically (Le Bail et al., 2011). When grown freely in water
deprived of microelements, it has previously been observed that
filaments tend to develop a cell sheet, meaning that Ectocarpus
filaments shifted their development from uniaxial to bidirectional
growth. This major change in body plan organisation is a
sign that tip growth mechanisms have been severely impaired
in the absence of microelements. However, in none of the
lab-on-chips with 40 or 25 µm wide channels were such
patterns observed and the filaments maintained an uniaxial
growth throughout the experiment (Figure 4B) which indicates
a sufficient supply of microelements even inside the confined
regions of the lab-on-chip devices. Calcofluor staining further
showed that filament growth took place in the dome of the
apical cell (Figure 5I) as previously observed in open space
environments (Le Bail et al., 2008). To monitor specimen health,

FIGURE 5 | Labelling of cellulose in the cell wall of filaments growing in 25 µm wide channels. (A,B) Two images obtained using epifluorescence microscopy. (A) A
bright field microscopy image of the filaments and (B) a UV image showing the labelled cellulose (blue) present in the external cell wall. A stronger signal has been
observed in the transversal walls. (C–J) A series of confocal microscopy images. (C) A bright field image of growing filaments, (D) chloroplast autofluorescence (red),
(E) calcofluor fluorescence (blue), and (F) a merged image of all three channels. (G,H) A close-up of filaments labelled with calcofluor and imaged after growing for
24 h following the post-labelling rinsing of the channels. (G) The bright field image, (H) chloroplast fluorescence (red), (I) calcofluor fluorescence (blue), and (J) the
three merged channels. The transverse cell walls (white arrowheads) are clearly distinguishable. The tip of the filament is not fluorescent, and as such, displays the
newly grown cell wall. Scale bars: (A–F) 50 µm; (G–J) 25 µm.
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i.e., a rigid polymer of β(1–4) glucose present in Ectocarpus cell
walls at a level of approximately 10% (Charrier et al., 2019),
was uniformly labelled throughout filaments growing inside the
25 µm wide channels on both the outer and transverse cell
walls (Figures 5A,B). This observation is in great agreement with
previous studies for filaments grown in open space environment
(Le Bail et al., 2008; Simeon et al., 2020). Similar results were
also obtained for filaments in devices with 40 µm wide channels.
Using confocal microscopy, the more focused images shown in
Figures 5C–F confirmed the overall and homogeneous labelling
of all filaments present inside channels. Both the shape of the
chloroplasts highlighted by autofluorescence (Figures 5G,H) and
the apical growth indicated by the new dark area at the filament
tip (Figures 5I,J) confirmed that the filaments were thriving in
this confined environment and, hence, supported the value of the
previously derived growth rate measurements.
In a second step, we labelled alginates, i.e., a polysaccharide
consisting of a mixture of guluronic and mannuronic acids linked
by β(1–4) bond, which is present in brown algal cell walls at
a ratio of up to 40% (reviewed in Charrier et al., 2019). The
monoclonal BAM6, that recognises mannuronan-rich alginates,
was used in combination with a secondary antibody coupled to
the green fluorochrome FITC. The immunolocalisation protocol
was applied in the lab-on-chip, aiming to label several filaments
growing in parallel in separate channels. Simultaneously, free
organisms present in the same Petri dish were labelled and
used as positive controls. In contrast to the negative control
without primary antibody (Figures 7A–C), the cell wall of both
apical (Figures 7D,E) and rounding cells (Figure 7F) of labelled
free-growing organisms displayed a specific signal similar to
that reported in Rabillé et al. (2019b). In the 25 µm channels,
Ectocarpus filaments also showed a strong signal in the dome
of apical cells (Figures 7G–J) and on the flanks of rounding
cells (Figure 7K). This pattern was as strong and specific as in
the internal positive controls. The remaining cell walls of an
empty plurilocular sporangium incidentally present within one
of the channels also displayed significant labelling (Figure 7L).
The red autofluorescence signal emitted by the chloroplasts
further demonstrated the healthiness of the filaments prior to the
formaldehyde fixation step of the immunolocalisation protocol
(Figures 7A–J).
Overall, both cell biology protocols successfully labelled
cellulose and alginate cell wall polysaccharides, either
homogeneously (cellulose) or in specific locations (alginates)
along the filaments. The labelling of the filaments was
independent of the position of the specimen inside the labon-chip, e.g., at the entrance or exit of the channels, and
displayed expected results even for samples located far away
from the main chamber (Figure 7G).

FIGURE 6 | Growth rate of Ectocarpus filaments in lab-on-chip channels and
in the open space. (A,B) Optical microscopy images of filaments growing in
the open space environment, i.e., at the bottom of the Petri dish, as well as
inside the lab-on-chip device. (C,D) The filament growth curves over three
time points, i.e., at 24, 76, and 100 h after the first recording of the initial tip
position. The initial tip position was set to 0 by default, such that the growth
distance can be indicated through relative positions. The p-values for
two-tailed t-tests for unequal variances are shown for each time point below
(D). Each line represents a single filament. The sample sizes for filaments
growing in the open space environment and inside the channels are 15 and
22, respectively. The measurement data is reported in Supplementary
Table 1. Scale bars: (A,B) 500 µm.

colour changes from brown to green in the chloroplasts of cells
growing inside the microfluidic chip, which is typically observed
in correlation with filament death. Finally, under UV exposure,
the intensity of the auto-fluorescence emitted by the chloroplasts
was detected at a level similar to that of filaments growing in the
open space environment (see Figures 5D,H).
Therefore, for spores germinating inside the chamber, neither
the presence of the PDMS nor the enforced space limitations
demonstrated a negative effect on the filament development and
growth pattern, e.g., by impairing the quality of the seawater
inside the confined environment or through a possible increase
in mechanical stress. Altogether, the developmental pattern of the
filaments growing inside the channels, i.e., apical cell polarisation,
growth rate, and cell shape changes, was consistent with the
pattern observed in filaments growing in an open environment.

Display of Cellular Components of
Ectocarpus Within the Lab-on-Chip
Despite the recent advances of editing approaches of Ectocarpus
(Badis et al., 2021), the expression of fluorescent reporter genes is
not yet feasible. Therefore, the study of Ectocarpus cell biology
requires the use of classical cytological approaches, like vital
staining and immunolocalisation that are the only available
non-invasive techniques allowing for the labelling of specific
components in or at the surface of the algal cells. Cellulose,
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Ectocarpus early development is accompanied by a significant
number of cellular events while its morphological complexity is
low. Initially, it leads to the formation of uniseriate filaments,
which grow by elongation and division of apical cells, and
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FIGURE 7 | Immunolocalisation of alginate polysaccharides in Ectocarpus filaments using monoclonal antibody BAM6. Labelled sections were observed through
confocal microscopy. (A–C) Optical microscopy images demonstrating the negative controls for filaments without primary anti-alginate antibody. Both the apical
parts and central parts of several filaments are shown without any signal from BAM6 (green fluorescent signal from the secondary FITC-conjugated antibody). Only
autofluorescence (red) emitted by the chloroplasts was detected. (D–F) Optical images presenting freely growing filaments in the same Petri dish. With the same
image capture parameters such as laser power and selective bands of the photomultiplier tubes, BAM6 labelling was observed in the dome of apical cells and in the
flanks of rounded cells. (G–L) Image series showing the results on filaments grown in 25 µm wide channels. (G–J) Fluorescent images of the domes of apical cells,
(K) rounding cells, and (L) empty plurilocular sporangium (white arrow). The autofluorescence of chloroplasts of BAM6 labelled filaments was observed, except in L,
as the cavities of the plurilocular sporangium no longer contained spores. Scale bars: (A) 25 µm; (B,C) 50 µm; (D–F) 10 µm; (G–L) 20 µm. The specific green
BAM6 signal and the red chloroplast autofluorescence signals are superimposed with the bright field signal.

the progressive rounding of cells acting as the main cell
differentiation process. Recently, it has been demonstrated that
Ectocarpus tip growth relies on a different biophysical mechanism
than that reported in most of the other tip growing cells,
including the pollen tube. In the former, the cell wall stiffness
controls growth (Rabillé et al., 2019a), while in the latter, this
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is the cell wall thickness. This further illustrated that brown
algae are promising model organisms to display alternative
growth mechanisms.
To study the tip growth behaviour of Ectocarpus, we tested
the use of lab-on-chips as a microfluidic device aimed for the
long-term monitoring of filaments. The possibility of delivering
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and performance of Ectocarpus filaments growing in confined
microfluidic environments were monitored under controlled
conditions for several days and the development steps were
quantitatively and qualitatively compared to in vitro open space
growth. Additionally, the ability to label cytological markers,
either by immunochemistry or directly with vital dyes, was
investigated to ensure the suitability of microfluidic devices for
the in-depth study of the brown alga Ectocarpus. The results
demonstrated that, following an optimised loading procedure,
all the developmental steps of Ectocarpus filament growth inside
PDMS channels were similar to those observed in unconstrained
conditions and as described in previous reports. Therefore,
PDMS lab-on-chips are suitable experimental devices to further
study apical growth, cell differentiation, and branching and
enable simplified investigations by allowing for chemically
controlled environments in combination with high-resolution
microscopy techniques.

chemicals at a specific time and simultaneously to several
filaments growing in a single focal plane while being guided
through parallel channels is particularly attractive for slow
growing specimens such as the Ectocarpus filaments. Here, we
have shown that microfluidic chips with 44 parallel channels as
narrow as 25 µm are suitable for studying Ectocarpus tip growth
and dynamics of cell rounding. The inoculation procedure and
cell wall labelling experiments were developed such that more
than 50% of the lab-on-chip channels were filled with healthy
filaments growing in-plane over more than 3 weeks, which is
a duration that significantly exceeds the typical use of such
technology for other samples (Agudelo et al., 2013; Shamsudhin
et al., 2016; Burri et al., 2018). Furthermore, the presented
designs allowed for the incorporation of specimen studies using
standard cytology protocols. Our observations are consistent
with previous conclusions drawn for the protonemata of the moss
P. patens, where the growth rate and cell differentiation, with
some impairments (Kozgunova and Goshima, 2019), proceeded
as expected (Bascom et al., 2016). In contrast, different results
were obtained with the hyphae of the fungi N. crassa growing
in grid or maze chips, where the velocity of the apical extension
was drastically reduced and their branching pattern impaired
(Held et al., 2011).
In our case, possible limitations depended on the applied
loading procedure and the inoculation of the mitospores.
While the filaments successfully entered and grew along the
microchannels if the mitospores were germinated in the main
chamber, mitospores loaded inside the channels were severely
hindered in their germination. However, by optimising the
inoculation procedure, we were able to prevent these drawbacks.
Furthermore, the study of germination and especially of the
first asymmetric cell division did not rely on a specific device
geometry as both major cellular events could be observed in
all spatial directions. Altogether, this study validates the use of
microfluidic devices for the study of the development and of
the physiology of Ectocarpus in a confined microenvironment.
Hence, it represents a first step in the subsequent characterisation
of tip growing mutants (Le Bail et al., 2011) and potentially life
cycle mutants of this species (Coelho et al., 2011; Macaisne et al.,
2017), as it has previously been performed with Physcomitrium
(Bascom et al., 2016) and Neurospora (Held et al., 2011). It also
paves the way for the study of other brown algae, especially
those which develop filaments in one or both phases of their life
cycle, such as Sphacelaria and filamentous gametophytes of many
brown algae including the Laminariales, the Desmarestiales, and
the Sporochnales (Fritsch, 1954).
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